prepared in-house by labor-intensive processes, and they have a limited shelf life; accordingly, we sought to conserve the use of these monomers to the maximum extent possible.
Typical commercially available dialysis systems lacked one or more of the following aspects, which we required and which are common to many liposome applications: (i) a means to dialyze a small volume of valuable sample (containing liposomes with encapsulated RNA) against small volumes of equally valuable solution (containing activated monomers), (ii) a large surface area-to-volume ratio (for rapid equilibration of small volume samples), (iii) the ability to tumble the sample (liposomes, especially fatty acid ones, aggregate rapidly if they are not constantly tumbled), (iv) the ability to easily add and remove solutions from one or both chambers repeatedly and (v) a means to view the samples easily to monitor liposome integrity (aggregation of liposomes, resulting in a precipitate, can be observed with the naked eye). The sample is then dialyzed against buffer containing fresh activated monomers. During dialysis, the hydrolyzed nucleotide monomers and 2-methyl imidazole (non-enzymatic RNA primer extension reaction inhibitors) are removed, and new activated monomer is delivered to the vesicles.
The general principle of removing hydrolyzed activated monomers can be extended to a wide range of non-enzymatic primer extension chemistries, including OAt esters, as used by Richert and colleagues 2 in a similar system requiring immobilization of RNA for hydrolysis product removal.
After optimizing the construction of the dialyzer, we developed other uses for the dialyzer in liposome studies performed in our research. Numerous uses for dialysis exist in liposome studies. We have previously shown that bulk dialysis (i.e., against excess buffer) can be used to prepare uniformly sized large liposomes 3, 4 . Many other groups have used liposomes as bioreactors; almost all such experiments require a purification step after liposome preparation to remove unencapsulated solutes. Several examples of recent work in this field include cell-free transcription 5 and protein synthesis 6, 7 , as well as the use of liposomes to add sensory capabilities to cells 8 and protein selection methods 9 . Liposomes have also attracted broad interest as drug delivery platforms for delivering chemical therapeutics 10, 11 and nanoparticles 12 . One of the most widely known examples of liposomal drug delivery successfully applied in cancer treatment is Doxil, a liposomal doxorubicin formulation prepared by remote loading of the drug into liposomes 13 . All these applications require the use of low-abundance materials encapsulated within liposomes.
The bulk of our work with the dialyzer uses the Slide-A-Lyzer (original) device, which is optimal for preparing the dialyzer (Fig. 2) . A newer version of the Slide-A-Lyzer exists, which is called the Slide-A-Lyzer G2. This device has two principal new features: (i) an integrated air pocket, which negates the need for the use of foam floats when dialyzing, and (ii) the introduction of stoppered ports in the silicone gasket, which allows for sample introduction through the use of a pipette instead of a syringe and a needle. The first feature is not relevant to the use of the dialyzer described in this method. Although the second feature is desirable, the construction of the Slide-A-Lyzer G2 differs from that of the original device in that the plastic frames are of two different shapes. The plastic frame that contains the port in the gasket has a small lip on the bottom. This does not preclude the preparation of a functional dialyzer, but it requires careful alignment of the two plastic frames when assembling the dialyzer and clamping it during epoxy curing. In contrast, the original Slide-A-Lyzer can be assembled more easily. We present a description of the use of the Slide-A-Lyzer G2 in Box 1. The data obtained in Figure 3 were collected using dialyzers prepared by this method. This formulation of the dialyzer will be optimal for samples that are highly sensitive to shear, such as giant vesicles, which are better introduced by a pipette than by a needle. In addition, in the event that the original Slide-A-Lyzer is discontinued, this represents an alternate method of dialyzer preparation. Supplementary Figures 1-6 show assembly of the liposome dialyzer using the original Slide-A-Lyzer, whereas Supplementary  Figures 7-9 show assembly of the G2 version of the liposome dialyzer.
Comparison with other methods Dialysis devices can be described in two broad classes: all devices use a small-volume chamber containing the high-molecularweight analyte of interest, such as a protein, nucleic acid or liposome. This chamber is allowed to equilibrate through the dialysis membrane with another solution containing the small molecule of interest. In some dialysis experiments, dialysis against a large excess of bulk solution is performed (this is the intended application of the parent Slide-A-Lyzer device used in this protocol). In other dialysis experiments, typically termed equilibrium dialysis, compartments of equal or near-equal volume are used and the small molecule of interest is allowed to equilibrate between the two chambers; we required such a dialyzer for our experiments. A number of devices exist to perform such experiments, such as those available from Spectra/Por and Harvard Apparatus, but, of those, we found that each lacked one or more of the following features: a large surface area-to-volume ratio, compatibility with tumbling, and viewing windows to view liposome samples during incubation to monitor their integrity. The combination of these features makes our dialyzer ideal for liposome experiments.
Limitations
Owing to the construction of the device, it is not suitable for high-throughput applications (e.g., where a 96-well plate dialyzer would be more appropriate). We have found the dialyzer's internal volume of 250-300 µl per chamber, coupled with its large surface area (500-600 mm 2 /ml), to be an ideal combination for the scale of reactions described in this work that use a high-value small molecule. Larger dialyzers (up to 30 ml) from the same product family exist; they are of the same design and should be readily adaptable to the technique that we have described. Much larger or smaller applications, or those using readily available small molecules, may be better suited to other devices (such as devices intended for dialysis against bulk solution).
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6. Remote loading of phospholipid vesicles. The equal-volume chambers of the dialyzer are ideal for remote loading procedures, wherein an ion gradient is used to concentrate weakly basic or acidic small molecules within phospholipid vesicles 14 . Typical remote loading experiments use an ammonium ion gradient and a weakly basic substrate for loading, such as acridine orange (which is used in the study described below) or doxorubicin (which is remotely loaded into vesicles in the manufacture of the liposomal formulation of this molecule sold as Doxil) 15 . As a result of the high membrane permeability of neutral ammonia, this molecule Box 1 | Alternate method for dialyzer preparation using Slide-A-Lyzer G2 • tIMInG 24 h
In the main protocol, we presented the dialyzer assembly using the first-generation Slide-A-Lyzer, and this is the version that we have used in all our published work and will probably continue to use until the Slide-A-Lyzer is no longer available. It is, however, also possible to prepare a liposome dialyzer using Slide-A-Lyzer G2 dialysis cassettes. The main difference between the classical design and the G2 is the presence of the sample port in the G2, which eliminates the need to use a needle to introduce and remove samples. The basic assembly workflow is similar to the one described in the main part of the protocol. The most important differences are highlighted below: 1. (Related to Step 1 in the main protocol) Disassembling the G2 Slide-A-Lyzer requires the removal of the sample port plug before the separation of the plastic frame.  crItIcal step Take special care not to puncture the dialysis membrane. Avoid handling the dialyzer by the membrane.
(Related to
Step 4 in the main protocol) Attaching the PCR film to create the transparent sample viewing window has to be done with great care, and it involves adjusting the PCR film to the angle of the inside of the G2 plastic frame. It is helpful to use a pipette tip or the tip of a pencil to push the PCR film into the grooves inside the plastic frame.
Step 5 in the main protocol) The presence of sample ports in the gasket of the G2-based dialyzers means that the sample and dialysis buffer can be successfully dispensed through these instead of via needle insertions. There is, therefore, no need to perform Step 5 of the main protocol.
Step 7 in the main protocol) Before clamping the G4 assembly, make sure that the sample port plugs are properly aligned-parallel to each other and parallel to the top of the dialyzer frame (supplementary Fig. 8 ).  crItIcal step The gasket of the G2 Slide-A-Lyzer is uneven in thickness (wider on the top, slightly narrower on the bottom). It is important to adjust the tension of the bar clamp very carefully, so that the dialyzer remains firmly squeezed during the hardening of the epoxy, but the sample port plugs are not pushed into each other. 5. (Related to Steps 9 and 10 in the main protocol) To avoid leaks, epoxy needs to be applied firmly to the whole surface of the gasket. The sample port plugs make the access to the top part of the gasket very difficult; the application to the top of the gasket in G2 assembly can be achieved with a narrow spatula or pipette tip. We recommend applying epoxy to the top of the G2 assembly first, before covering the sides. This allows for inspection of the sample port plugs before proceeding with epoxy application to the rest of the gasket. If, despite great care, the sample port plug is glued in place, the dialyzer assembly can be repaired by inserting a needle into the side of the silicone gasket, as described in Step 5 of the main protocol. The needle will then be used, instead of the sample port, to deliver and recover sample and/or dialysis buffer.  crItIcal step Do not apply epoxy to the sample port plugs. The plugs need to remain removable for the proper use of the dialyzer. 6. After the epoxy cures, the sample plugs need to be removed and the sample ports need to be inspected to make sure that both ports are clear (supplementary Fig. 9a ).
After the epoxy cures, the G2 dialyzer can be used for the same purposes as the standard Slide-A-Lyzer-based dialyzer, with one difference: sample and dialysis buffer is inserted and removed through sample ports instead of the side needles (supplementary Fig. 9b ). can leave the liposome and exchange with an extraliposomal small molecule, actively loading it into the liposome. Similarly, acetate gradients have been used to load weak acids, such as diclofenac and insulin, into liposomes 16 . As remote loading is a method of concentrating the vesicle payload, typical applications demand the maximum possible concentration of payload, both within the liposome and in the bulk solution containing the liposomes (i.e., a high overall lipid concentration). Loading of the liposomes with the dialyzer enables minimal dilution, in contrast to non-dialysis techniques, such as adding a dilute solution of intended payload to the vesicle preparation. In addition, in contrast to bulk dialysis, the equal-volume inner chambers of the dialyzer allow for loading a minimal volume of relatively concentrated solution of intended payload. In addition, the ability to incorporate up to four needles (one in each corner of the dialyzer, two in each gasket) allows for loading vesicles under flow, which facilitates the loading of low-solubility payloads while maintaining a constant reservoir of fresh small molecules.
In these experiments, a thin film of the desired lipid or lipid mixture is rehydrated to the desired lipid concentration in a remote-loading-compatible salt solution.
Staining of phospholipid vesicles. The dialyzer allows for the incorporation of stains into vesicles for analysis by microscopy. The equal-volume chambers allow for maintaining isosmotic conditions throughout staining without the addition of the lytic concentrations of the solvents necessary to solubilize high concentrations of many dyes (e.g., ethanol and DMSO).
In these experiments, vesicles are prepared by thin film hydration of the desired lipid or lipid mixture.
Dynamics of single-chain amphiphile assemblies.
Other applications of the dialyzer relate to the study of lipid dynamics. One unique characteristic of liposomes formed from single-chain amphiphiles is their dynamic nature. As a result of the substantially higher solubility of single-chain amphiphiles (compare oleate, with ~100 µM solubility, with dilauroylphosphatidylcholine, with ~25 nM solubility), vesicles formed from these lipids are more prone to undergoing lipid exchange via the soluble lipid fraction. The dialyzer enables a number of experiments relating to observation of these dynamics, examples of which are described below.
Size characterization of lipid during transfer between vesicle populations.
Although it is well understood that lipid exchange occurs between vesicles formed from single-chain amphiphiles via the soluble lipid fraction, it is less clear which lipid aggregation state (free lipid, or larger, probably micellar aggregates) is responsible for this exchange. The analysis of populations of liposomes and lipid micelles and free lipids is difficult; the size range of the population of lipid assemblies in these systems ranges from on the order of 1 nm to several micrometers-over three orders of magnitude. This marked polydispersity complicates analysis by optical techniques, such as dynamic light scattering (DLS), and the large size of liposomes results in slow tumbling, which makes analysis by NMR difficult or impossible. Dialysis affords one means of characterizing mass transfer between liposome systems. Although single-chain amphiphiles are of low molecular weight (e.g., oleic acid, with a molecular weight of 282 Da), even micelles, the smallest assemblies typically associated with these compounds, typically have an aggregation number of ~50. This corresponds to a mass of over 10,000 Da for these assemblies, even when neglecting associated water and counterions. As a result, assemblies of these lipids have markedly different permeability to dialysis membranes than free lipid. Thus, the size of the lipid species exchanged between vesicles can be probed by using the dialyzer, for which membranes spanning this size range (MWCO of 2,000-20,000 Da) exist.
Dynamics of fatty acid vesicle formation.
Phospholipid vesicles are typically formed in laboratory conditions either by rehydrating a thin film of amphiphiles or by injecting a concentrated solution (typically ethanolic) of the lipid into buffered solution 17 . Although fatty acids can form vesicles by these methods as well, another method exists, wherein a solution of fatty acids at high pH (containing micelles) is subjected to a drop in pH. As a result, the micelles are partially protonated, the micelles dissociate, and vesicles are formed. One unique characteristic of such 'pH drop' experiments is that vesicle formation proceeds autocatalytically. In these experiments, an induction phase occurs in which minimal vesicle formation is observed. As vesicles begin to form, the rate of vesicle formation increases. Consistent with an autocatalytic reaction, 'seeding' of these solutions with vesicles results in an increase in the rate of vesicle formation 18 . The dialyzer is suitable for monitoring of vesicle formation kinetics by transfer of lipid from existing vesicles. For example, it can be used in experiments in which one chamber initially contains a high concentration of single-chain amphiphile vesicles, the other chamber initially contains none, and vesicle formation is monitored by absorbance measurements of the second chamber.
MaterIals

REAGENTS
Oleic acid (Nu-Chek, cat. no. U-46-A) is typically used in fatty acid encapsulations. Technical-grade oleic acid (Sigma-Aldrich, cat. no. 364525) has proven to be satisfactory when used in high-volume applications (e.g., in running buffer for purifications) proceDure assembly of the liposome dialyzer 1| Open both Slide-A-Lyzer cassettes by inserting the spatula between the edges of the plastic cassette and by applying sideways pressure to crack the plastic frame at the seams along the long axes. It is important to avoid damaging the soft silicone gasket inside the plastic cassette and to avoid damaging at least one of the dialysis membranes. The silicone gaskets from both cassettes will be used. Only one plastic frame will be used (two parts of one full frame, with and without the plastic middle ridge; supplementary Fig. 1 ).
? trouBlesHootInG 2| Detach all but one of the dialysis membranes from the silicone gasket (remove both membranes from one of the gaskets and one membrane from another gasket). It is best achieved by bending the gasket slightly; the membranes are attached fairly loosely and should detach easily. It is important not to damage the membrane that remains attached to one of the gaskets.  crItIcal step Take special care not to puncture the remaining dialysis membrane. ? trouBlesHootInG 3| Cut out two pieces of PCR film in the shape of the membranes. It is helpful to use one of the removed dialysis membranes as a template (supplementary Fig. 2) . ? trouBlesHootInG 4| Attach one of the pieces of PCR film to the inside of one side of the plastic frame, sticky side out, completely covering the opening in the frame. The film is best sealed by placing the PCR film loosely on the inside of the plastic frame and by pushing the PCR film into the grooves on the inside of the frame using a disposable 200-µl pipette tip or the tip of a soft pencil, starting from the groove closest to the opening. After tracing all the grooves, apply gentle pressure to the whole film to set it firmly in place. Repeat with the other side of the plastic frame and second piece of PCR film (supplementary Fig. 2) .  crItIcal step Make sure that no holes remain and that the PCR film is sealed all around.
? trouBlesHootInG 5| With a beveled needle, pre-puncture one corner of the silicone gasket. Insert the blunt needle into the pre-punctured hole, with the end of the blunt needle almost flush with the inner edge of the gasket. The needle must penetrate the full thickness of the gasket, but the end should not stick out more than a half a millimeter on the inside of the gasket. Penetrating the gasket further will impair removal of the contents of the assembled dialyzer. Repeat with the other gasket, paying special attention to the still-attached dialysis membrane. Puncturing the membrane at this stage is a common error; avoid touching the dialysis membrane at any point with the tip of either needle (supplementary Fig. 3a,b) .  crItIcal step To avoid leaks, it is important to center the needle in the thickness of the gasket. ? trouBlesHootInG 6| Align the silicone gasket on the plastic cassette. Next, align the second gasket on top of the first gasket, with the attached dialysis membrane pointing down, so that the membrane is between the gaskets (supplementary Fig. 3c,d) .
Cover the assembly with the other half of the plastic cassette. The finished assembly should look similar to the original Slide-A-Lyzer, except thicker (because there are two silicone gaskets instead of one; supplementary Fig. 4a ).
? trouBlesHootInG 7| Place the assembly on the bar clamp, and then gently tighten the clamp until the dialyzer assembly is evenly squeezed.  crItIcal step Applying too much pressure might damage the dialysis membrane, but not pressing the clamp tightly enough will not compress the gaskets, which results in a leaky dialyzer. Ensure that the dialyzer is centered over the rubber ends of the clamps, with these ends fully covering the sides of the dialyzer.  crItIcal step It is important to transport the assembly gently from the bench top to the clamp, so that it does not misalign and the needles will not punch the dialysis membrane (supplementary Fig. 4b ). Note that wrapping both arms of the bar clamp in plastic wrap (e.g., Saran wrap) will prevent the dialyzer assembly from being permanently glued to the clamps, and it will help keep the clamp clean of overflowing epoxy. Do not use aluminum foil for this, as the epoxy adheres well to the foil, resulting in pieces of foil becoming stuck to the dialyzer. ? trouBlesHootInG
8|
Inspect the whole assembly in the bar clamp. The gaskets should be parallel and centered within the plastic frame (supplementary Fig. 4c ). Both needles should penetrate the gasket fully but not protrude more than half a millimeter into the chambers of the dialyzer.  crItIcal step If the assembly is not correctly aligned, with both silicone gaskets flush with one another and aligned with the grooves in the plastic frame, the dialyzer will leak. ? trouBlesHootInG 9| Prepare the epoxy for use, according to the manufacturer's instructions. Apply the epoxy to the full circumference of the dialyzer assembly using a disposable 200-µl pipette tip (supplementary Fig. 5 ).  crItIcal step Be sure not to contaminate the inside of the dialyzer, particularly the dialysis membrane, with epoxy.  crItIcal step It is important to cover the full circumference of the dialyzer with epoxy and to glue the needles in place securely to avoid possible shifting of the needles during use of the dialyzer. It is also important to ensure that the epoxy thoroughly covers the sides of the silicone gaskets (under the plastic ridge on the side of the plastic cassette). We typically use two 4-g packets of Hardman DOUBLE-BUBBLE fast-setting epoxy to cover the full circumference of the dialyzer. Because the working time of the epoxy is only a few minutes, we recommend applying the contents of one packet, then mixing and using the other packet. ? trouBlesHootInG 10| Leave the dialyzer in the bar clamp until the epoxy glue is fully cured. We typically allow an overnight cure for even fast-setting epoxy (30 min until handling strength is reached) to ensure a full cure.  crItIcal step Removing the dialyzer from the bar clamp before the epoxy is fully cured could result in leaks in the dialyzer. ? trouBlesHootInG 11| Cap the needles with Luer caps to avoid dust entering the dialyzer (supplementary Fig. 6 ). Take care to support the dialyzer and needles when manipulating the Luered ends of the needles to avoid bending the needles.
12|
After the epoxy is cured, remove the dialyzer from the bar clamps and carefully inspect the completed device.
Dialysis of liposomes 13|
Prewet the dialysis membrane with the buffer that will be used for dialysis by adding an equal volume of dialysis buffer to both dialysis chambers and by gently shaking them manually for about 1 min. This also serves to remove glycerol from the membrane.
? trouBlesHootInG 14| Load the first change of dialysis buffer into one dialyzer chamber, and then load the liposome sample into the other chamber. The duration of dialysis and frequency of buffer changes is dictated by the application and liposome composition (table 1) . When loading or removing samples from the dialyzer, use a syringe that is larger than the volume of the sample you wish to load. Before loading the samples, remove air from the dialyzer chamber of approximately equal volume to the sample that you intend to load. To remove samples, load air before dispensing the sample into the dialyzer. By doing this, the dialyzer will achieve approximately atmospheric pressure after sample loading or removal.  crItIcal step It is very helpful to mark which chamber contains the liposomes of interest and which contains buffer, particularly with samples in which liposomes are in both chambers, such as fatty acid vesicle experiments. We typically mark a dot on the plastic casing on the sample side with a lab marker. ? trouBlesHootInG 15| Always tumble the dialyzer when using fatty acid vesicles.
We have found that attaching the dialyzer to a rotary tumbler with paper clips, tape or elastic bands is the best method. With tumbling, vesicles are dialyzed according to their composition and desired application (table 1).  crItIcal step The needles can easily be bent, which will impair sample retrieval. Ensure that the needles will not collide with anything when rotating. For example, we have noticed that one sometimes attaches the dialyzer assembly at the top of the stopped rotor, with the needles sticking outside the edges of the rotor. When the tumbler is turned on and moves the dialyzer to the position closest to the bottom, the needles then hit the bench and bend or break. ? trouBlesHootInG reuse of the dialyzer 16| The dialyzer can be reused, especially to dialyze another portion of the same type of sample. Wash the dialyzer at least once with a volume of water sufficient to fill at least one-half the internal volume (i.e., ~200 µl for the dialyzer used in most experiments here), then again at least twice with a buffer of identical composition to that used in the experiment. ? trouBlesHootInG 17| It is necessary to confirm the integrity of the inner dialysis membrane before using the dialyzer again. To do this, fill one chamber of the dialyzer with buffer and monitor the second chamber for leakage. The pressure from having one chamber filled against an empty chamber is typically enough to observe leakage through any small tears in the dialysis membrane. If no significant leakage is observed after few minutes, the membrane is deemed intact. The beveled needle used to puncture the gasket for blunt needle insertion was of too large a diameter In our experience, in that case no amount of epoxy added afterward will seal the gasket properly The dialyzer needs to be assembled with new gaskets, with a beveled needle of +2 to 0 gauge size difference relative to the blunt needle 6 Dialyzer has not been properly aligned If the leak is discovered after the epoxy has cured, the assembly needs to be repeated with new parts Make sure to properly align both gaskets with the grooves on the inside of the plastic casing
The dialyzer has not been properly aligned If the leak is discovered after the epoxy has cured, the dialyzer assembly needs to be repeated with new parts Be sure to properly align both gaskets with the grooves on the inside of the plastic casing (continued) • tIMInG Steps 1-9: 1-2 h Steps 10-12: 30 min-1 h to reach handling strength, and overnight (12 h) for full cure (timing depends on the type of epoxy used) Liposome preparation: typically overnight tumbling to preform liposomes Steps 13-15, liposome dialysis: times vary depending on the application (table 1) chamber of the dialyzer, and 250 µl of the desired small molecule to be loaded (here, 100 µM acridine orange hydrochloride in 150 mM NaCl) was loaded into the other. After overnight tumbling of the dialyzer, the dialyzer contents were removed and analyzed visually (Fig. 4a) , by absorbance spectroscopy (Fig. 4b,c) , and by re-purification followed by absorbance and fluorescence spectroscopy (Fig. 4d) , thus verifying that remote loading had occurred.
staining of phospholipid vesicles
In these experiments, vesicles were prepared by thin film hydration of a thin film of POPC. A 1-mM chloroform solution of POPC was dried on the surface of a roughened polytetrafluoroethylene (PTFE) strip for >24 h, as described previously 20 . The resulting film was hydrated with a sucrose solution (200 mM) to a final concentration of 20 mM lipid. This assembly was heated at 60 °C for 12 h and briefly vortexed. A volume of 300 µl of the resulting vesicles was added to one compartment of the dialyzer that had been prewetted in an isosmotic buffer (125 mM Tris-HCl, pH 8). A volume of 300 µl of this buffer was added to the second compartment. To initiate dye insertion, 2.5 µl of a Vybrant DiI cell-labeling solution was added to the vesicle-free compartment of the dialyzer. The dialyzer was then tumbled, and samples were removed at subsequent time points and imaged on a Nikon A1R MP confocal microscope (Fig. 5 ). Re-purification of these vesicles results in superimposable normalized A 500 (acridine orange absorbance), A 600 (vesicle scattering) and acridine orange fluorescence traces (λ ex = 500 nm, λ em = 530 nm), demonstrating that the dye has both crossed the dialysis membrane and accumulated within the vesicle lumen. Integration of fluorescence signal in the encapsulated dye fractions (fractions 6-16) and free dye fractions (fractions 17-27) indicates >95% encapsulation efficiency. The methods for preparation of vesicles are described in our previous work 1, 21 ; the remote loading protocol (without the use of the dialyzer) was previously described elsewhere 14 .
Figure 5 | Staining of giant phospholipid vesicles. Overlay of the confocal fluorescence and differential interference contrast bright-field images of POPC vesicles incubated with Vybrant DiI cell-labeling solution for the specified time (t) intervals. Scale bars, 15 µm. The methods for preparation of liposomes were described in our previous work 1, 21 . 
